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Several methods have been developed for generating 3D, in vitro, organ-on-chip models of human

vasculature to study vascular function, transport, and tissue engineering. However, many of these existing

models lack the hierarchical nature of the arterial-to-capillary-to-venous architecture that is key to

capturing a more comprehensive view of the human microvasculature. Here, we present a perfusable,

multi-compartmental model that recapitulates the three microvascular compartments to assess various

physiological properties such as vessel permeability, vasoconstriction dynamics, and circulating cell arrest

and extravasation. Viscous finger patterning and passive pumping create the larger arterial and venular

lumens, while the smaller diameter capillary bed vessels are generated through self-assembly. These

compartments anastomose and form a perfusable, hierarchical system that portrays the directionality of

blood flow through the microvasculature. The addition of collagen channels reduces the apparent

permeability of the central capillary region, likely by reducing leakage from the side channels, enabling

more accurate measurements of vascular permeability—an important motivation for this study.

Furthermore, the model permits modulation of fluid flow and shear stress conditions throughout the

system by using hydrostatic pressure heads to apply pressure differentials across either the arteriole or the

capillary. This is a pertinent system for modeling circulating tumor or T cell dissemination and

extravasation. Circulating cells were found to arrest in areas conducive to physical trapping or areas with

the least amount of shear stress, consistent with hemodynamic or mechanical theories of metastasis.

Overall, this model captures more features of human microvascular beds and is capable of testing a broad

variety of hypotheses.

Introduction

The circulatory system plays a critical role in the health of every
tissue in the body through its functions of gas and nutrient
exchange, immune cell transport, endocrine signaling, and
tissue repair, among numerous other processes.1 The
microvasculature is the interconnected systems of small
diameter blood vessels composed of arterioles, capillaries, and
venules. These smaller vessels connect to the larger diameter
arteries and veins, enabling the circulation of blood by the
heart through this hierarchical vascular system.2 One

physiologic process dependent on the microvasculature is the
dissemination of immune cells, especially to sites of injury or
disease. Beyond simply transporting immune cells to sites of
inflammation, it has been shown that endothelial cells lining
blood vessels also play a role in immune cell signaling and in
innate and adaptive immunity.3–5 On the other hand, the
circulatory system can also disseminate disease via bacteria or
viruses or through the spread of circulating tumor cells (CTCs)
from the primary tumor to distant sites via the circulatory
system where they can produce metastatic foci. The
pathological sequence of hematologic metastasis includes the
intravasation of cancer cells, convection to a remote organ or
tissue, arrest of CTCs in the microvasculature, and subsequent
extravasation and proliferation of these cells. The
microvasculature thus plays a complex role in providing routes
for cancer cell distribution and spread and understanding the
mechanisms that affect the adhesion and extravasation of
circulating tumor cells is key to inhibiting metastatic disease.

Since there are limits to what we can learn from human or
animal studies, considerable effort has been directed to
developing physiologically relevant and simple-to-complex
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models of the microvasculature to mimic these interactions
between cells and tissues in controlled settings. Many of
these models in vitro utilize 3D cell culture techniques and
microfluidics to recapitulate multicellular architectures more
fully than traditional 2D systems.6,7 Among these are “vessel-
on-chip” designs that include one or more conduits that can
be seeded with cells to produce patterned open-lumen
vessels. These employ a variety of engineering techniques
and can be used to make more complex microphysiological
systems.8,9 Many of these vessel-on-chip systems are
fabricated using a small-diameter needle to pattern the
extracellular matrix, but these techniques are frequently
difficult to perform quickly and at scale, and practical
difficulties can include hydrogel breakage or adherence to
the needle.10–12 Alternatively, viscous finger patterning (VFP)
has also been used to create lumens within a collagen ECM
in a process that has been recently used in several vessel-on-
chip models.9,19–22 VFP utilizes the property of a less viscous
fluid creating finger-like protrusions in more viscous fluids,23

and thus presents an alternative to needle casting methods.
Yet, the vessels produced are often hundreds of microns wide
and difficult to scale down to the size of typical capillaries.

Another approach to generating vessel-on-chip models is
to rely on natural self-assembly to create a self-assembled
microvascular network using endothelial cells and fibroblasts
suspended in a hydrogel.13 These vessels can have much
smaller dimensions, varying from approximately 20 to 200
μm in diameter, and better recapitulate capillary network
morphology (including branching) as well as flow and shear
stress conditions than 2D systems and straight patterned
vessels.14 While both the engineering and self-assembly
methods have been used previously, there are relatively few
instances in which they have been combined to produce
multi-scale networks,15–17 and no study has previously
combined VFP with self-assembly. The objective of this study
was, therefore, to combine the two vessel-on-chip
technologies to create a multi-compartmental model of the
microvasculature including microvessels of different sizes.
Furthermore, we aimed to recapitulate the hierarchical
nature of the arterial-to-capillary-to-venous architecture by
applying vascular flow directionally across the system.
Previous hierarchical vascular models have lacked self-
assembled MVNs that confer physiological relevance to the
capillary bed,18 while other models of microvasculature do
not present the various compartments together in a
hierarchical, fluidically-connected manner.17,19

With the objective of producing a hierarchical endothelial-
lined microvascular network, we introduce here a two-step
method, combining an established viscous finger patterning
(VFP) approach for the larger arteriole and venule and the
natural self-assembly method to create the smaller-diameter
interconnected vascular network. We use a conventional
microfluidic platform with a central gel compartment for the
small vessel network, flanked by two side channels in which
VFP can be used for the large-diameter patterning. In one
side channel, smooth muscle cells are embedded in the

collagen gel used for VFP and the inner wall is later coated
with an endothelial cell (EC) monolayer to recapitulate the
arteriole, in a manner similar to Bulut et al.19 In the opposite
channel we form the same VFP-patterned collagen channel
and endothelial cell monolayer but lacking smooth muscle
cells, representing the venule. The two larger vessel side
channels are connected by the microvascular networks in the
central compartment, representing the capillary bed. This
model preserves the ability to measure vessel permeability, as
well as allows for analysis of flow dynamics, arrest, and
extravasation of various cell types such as tumor cells and
various immune cells. It is simple to construct and produces
a connected model of the arteriole-to-capillary-to-venule
structure of the microvasculature that can be used for a
variety of applications.

Experimental
Cell culture

Human umbilical vein endothelial cells (HUVECs) with or
without green fluorescent protein (GFP) from Angio-
Proteomie, and normal human lung fibroblasts (NHLFs) from
Lonza were cultured on collagen-coated flasks (Corning) with
Vasculife VEGF Endothelial Medium and FibroLife S2
Fibroblast Medium (Lifeline Cell Technologies) and
cryopreserved at passage 4. HUVECs and NHLFs were then
thawed on uncoated flasks (Corning) and grown to 90%
confluency before transfer into microfluidic devices. Normal
human lung smooth muscle cells (SMCs) from Lifeline Cell
Technologies were cultured in VascuLife SMC medium
(Lifeline Cell Technologies) and used between passages 3–5.
Lung SMCs were chosen for this study to remain consistent
with the lung NHLFs used in the microvascular networks and
to form a lung MVN model. The breast cancer cell line MDA-
MB-231 from ATCC was previously transfected with red
fluorescent protein (RFP)24 and cells were cultured in
Dulbecco's modified Eagle medium (DMEM) with 10% fetal
bovine serum (FBS) and 1% penicillin/streptomycin. Jurkat
cells (Clone E6-1, ATCC) were cultured in suspension in
Roswell Park Memorial Institute medium (RPMI)
supplemented with 10% FBS and 1% penicillin/streptomycin.
Jurkat T cells were dyed with Invitrogen CellTracker Red
CMTPX Dye one day prior to experiments. Cells were cultured
in a humidified incubator at 37 °C and 5% CO2 with media
replacement every second day.

Microvascular network formation

Microvascular networks (MVNs) were grown in fibrin gel
within microfluidic devices as described previously.25

Fibrinogen (Millipore Sigma) was dissolved in PBS at 6 mg
mL−1. Thrombin (Millipore Sigma) was reconstituted in a
0.1% bovine serum albumin (BSA) solution in water to a
concentration of 100 U mL−1, then diluted in cold Vasculife
VEGF Endothelial Medium to a concentration of 4 U mL−1 for
experiments. HUVECs and NHLFs were resuspended in the
thrombin solution at 32 million HUVECs per mL and 8
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million NHLFs per mL. The HUVECs, NHLFs, and fibrinogen
were mixed 1 : 1 : 2 to form a final concentration of 8 million
HUVECs per mL, 2 million NHLFs per mL, and 3 mg
fibrinogen per mL. This mixture was quickly pipetted into

the central gel channel of each device in the idenTx3 Chip
(AIM Biotech) and the devices were incubated for 15 minutes
to allow the fibrin gel to polymerize. Excess HUVECs were
replated and later used to apply the endothelial monolayer to

Fig. 1 Viscous finger patterning of collagen gels can be used to create a tricompartmental model of the arteriole-to-capillary-to-venule
microvasculature. (a) Schematic diagram of hollow collagen channel formation by pressure-assisted viscous finger patterning (VFP). (b) Schematic
cross-sectional diagram of MVNs and collagen channels inside microfluidic device. Partially created with https://BioRender.com. (c) Comparison
of collagen channel diameter using various pressure differentials across the channel (data points and error bars indicate average and standard
error, respectively; n = 6, 26, 7, 3, 4, 5). (d) Vessel diameters using 12.7 Pa of pressure across the collagen channel with and without SMCs
embedded (data points indicate individual channels, bars indicate average, and error bars indicate standard deviation; n = 16; statistical significance
by Welch's t-test determined data to be nonsignificant). (e) Confocal z-stack stitched image of aerial view of the device on day 7 of MVN culture;
capillaries (middle) modeled by perfusable MVNs made from endothelial cells (EC, green) and fibroblasts (FB) in fibrin gel, venule (left) modeled by
collagen channel with EC monolayer, arteriole (right) modeled by collagen channel with smooth muscle cells (SMC, magenta); the scale bar is 250
μm. (f) 3D reconstruction of model depicting view from above (top) and cross-sectional view (middle, bottom; green = GFP HUVECs, magenta =
SMCs). (g) Confocal z-stack manually stitched image of junction between capillary bed and arteriole (EC, green; SMC, magenta).
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the side channels on day 4 of culture, as described below.
Hydraulic resistance of microvascular networks was
measured by establishing a pressure head differential across
each device and monitoring the flow over time. To
accomplish this, reservoirs were attached to each of the
media ports of the microfluidic device and filled with media
so that one side of the device had a higher media column
than the other side, resulting in an initial media height
difference of ∼2.5 cm. Changes in the media column heights
were recorded for one hour. The height difference in liquid
levels h can be shown to decrease exponentially with time t
and the resistance to flow RN = dP/Q can be determined by:

RN ¼ − 2ρg
Arm

where RN is the network resistance, dP is the change in

pressure, Q is the volumetric flow rate, ρ is the density of cell
culture media (∼993 kg m−3), Ar is the cross-sectional area of
one reservoir, and g is 9.8 m s−2, as previously derived (ESI†).
The log slope, m, was calculated by graphing the changing

fluid height over time, m ¼ ln
h1 tð Þ
h0

� �
. Here, h0 is the initial

height difference, and h1 is the height above equilibrium,
observed through time, t.

Collagen channel viscous finger patterning

A collagen I gel was formed in the side channels of the
microfluidic devices by adapting a previously published
protocol from our laboratory.26 Rat tail collagen I (Corning)
was diluted on ice to a final concentration of 3 mg mL−1 by
combining 162 μL of 3.77 mg mL−1 collagen stock with 20 μL
10× PBS phenol red, 7 μL distilled water, and 11 μL 0.1 N
sodium hydroxide for each 200 μL of collagen mixture,
adjusted to achieve pH of 7.4. The collagen solution was kept
on ice and used within 10 min. For channels containing
SMCs, these were resuspended in the collagen solution at 1
million per mL. SMC concentrations of 3 million per mL and
5 million per mL were also tested but yielded less consistent
lumen diameters.

We used pressure-assisted VFP of the collagen gel to form
lumens in the side channels of the microfluidic devices,
similar to what has been previously accomplished for single
channels.9 First, the devices were removed from the
incubator after polymerization of the fibrin gel in the central
channel and allowed to reach room temperature. The side
channels of the devices were then filled with cold collagen
solution, either with or without SMCs. Immediately after
addition of the collagen, 50 μL of cold endothelial medium
were added to the bottom media port, and 75 μL were added
to top media port, corresponding to a pressure of 12.7 Pa in
these devices (schematic shown in Fig. 1). A pipette tip was
then used to break any surface tension at either port that
would prevent the collagen liquid interface from making
direct contact with the cold Vasculife. Devices were then
returned to the incubator and media changed daily.

To create an endothelial monolayer on the surface of the
collagen gel channels, 100 μL of HUVECs (3 × 106 cells per
mL) were introduced on day 4 to the side channels and the
devices were slowly rotated at 2 rotations per minute for 15
minutes to achieve a uniformly distributed monolayer.
Unattached cells were then aspirated, and fresh media was
added to the side channels. To produce interstitial flow
across the fibrin gel and the developing MVNs, a pressure
difference of 200 Pa was imposed across the gel from day 4
by establishing a hydrostatic pressure difference—old media
was aspirated and fresh media was added to a height of 2 cm
on the arteriolar side of the device and allowed to flow
through to equilibrium each day.

Channel size was determined by imaging the HUVEC GFP
monolayer across the length of the vessel using the Nikon
Eclipse Ti epifluorescent microscope at 10× magnification
and measuring the channel diameter at 25 random locations
using ImageJ, FIJI distribution.27

Immunofluorescence staining and imaging

Immunofluorescence staining of SMCs was performed in
samples fixed on day 7 of MVN culture with 4%
paraformaldehyde28 using a monoclonal antibody against
α-smooth muscle actin (α-SMA, Cell Signaling Technologies).
Nuclei were stained with DAPI (ThermoFisher) and non-GFP
HUVECs were stained with fluorescent Ulex Europaeus
Agglutinin I (Vector Technologies). Imaging was performed
on an Olympus FV1000 confocal microscope. Stacks were
collected using a 10× objective at a resolution of 640 × 640 or
800 × 800 pixels with z-spacing of 5 μm. Image reconstruction
was performed with ImageJ, FIJI distribution.27 Manual
stitching of images was performed by visual alignment using
Adobe Illustrator.

Permeability measurements and quantification

On day 7 of MVN culture, permeability was measured with 70
kDa Texas Red-labeled dextran (ThermoFisher) as described
previously.25,28 Dextran was diluted to 0.1 mg mL−1 in
endothelial medium and perfused through the MVNs by first
emptying one media channel and filling it with the dextran
solution, then emptying the other media channel and adding
an equal volume of dextran solution. Imaging of the vascular
networks was performed on the confocal microscope at 37
°C, microscope settings and image reconstruction technique
performed as described above. MVN permeability was
determined using automatic segmentation (Trainable Weka
Segmentation 3D) of intravascular and extravascular (matrix)
compartments, and average intensities of each compartment
were used to determine the permeability coefficient, P as
described previously.28 Permeability coefficients for the
arteriole and venule side channels were determined similarly
by comparing average intensities in the large side channel
vessel and a small section of the immediately adjacent matrix
in the central gel channel.
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Tumor cell and immune cell flow and extravasation rate
assessment

On day 7, in separate MVN devices, MDA-MB-231 RFP
tumor cells or fluorescently labeled Jurkat T cells (using
CellTracker Green CMFDA) were perfused through the
MVNs to determine cell arrest rates and cancer cell
extravasation rates. A pressure difference of 200 Pa (2 cm
height difference) was applied across the MVNs using
hydrostatic pressure heads producing intravascular flow
from the arteriole side to the venule side. Next, 104 tumor
cells (10 μL of 1 × 106 cells per mL cell suspension) were
added to one inlet of the arteriole vessel, and 100 μL of
media were immediately added to the same inlet
(approximately 60 Pa pressure differential) so that the
tumor cells would become uniformly distributed along the
arteriole channel due while simultaneously flowing across
the MVNs. Flow velocities produced by these pressure
differentials were measured through displacement analysis
of 2 μm-diameter fluorescent beads (ThermoFisher), as
described previously.29 Devices were incubated for 30
minutes, after which media was changed to wash out cells
that did not adhere to the endothelium within the three
vascular compartments. Devices with Jurkat T cells were
perfused with a UEA-1 endothelial stain (Vector
Laboratories) and imaged immediately on the confocal
microscope, temperature-controlled at 37 °C. Image
reconstruction and cell arrest rate were determined using
the ImageJ 3D Objects Counter plugin. Devices with tumor
cells were kept in culture for two additional days with
interstitial flow restored daily, then fixed. Devices were
stained with UEA-1 and DAPI, and confocal microscope was
used for imaging as described above. Tumor cell
extravasation was determined as described previously24

using IMARIS (Oxford Instruments) to identify extravasated
tumor cells.

Smooth muscle cell vasoconstriction

After 7 days of culture, vasoconstricting drugs were applied to
stimulate the SMCs in the arteriole side channels, followed
by quantification of the magnitude of vessel constriction.
Reagents used were 50 mM KCl (ThermoFisher) and 20 nM
endothelin-1 (Sigma-Aldrich), both reconstituted in PBS and
then diluted to final concentrations in DMEM. To assess
channel constriction upon addition of the vasoconstriction
drugs, videos of fluorescent endothelial cells were taken
using Nikon Eclipse Ti epifluorescent microscope at 10×
magnification. Devices were first placed atop the microscope
platform and media channels aspirated. Fresh media
containing the vasoconstricting drugs were then added into
each channel, and AVI videos were recorded at 100 fps for 5
minutes after initial addition of the drug. To quantify vessel
constriction, 5 random locations along the vessel were
chosen for each movie and the initial diameter was compared
to the smallest diameter occurring over the 5 minute
timespan.

Statistical analysis

Statistical significance between two groups was assessed
using Welch's t-tests. Statistical significance between more
than two groups was assessed using ANOVA and Tukey HSD
tests. Probability values less than 0.05 were deemed
significant ( p < 0.05 *, p < 0.01 **, p < 0.001 ***).

Results and discussion
Viscous finger patterning of collagen gels in microfluidic
devices produces a more physiological microvasculature
network with the ability to recapitulate various flow
conditions

Here we generated a three-compartment, hierarchical
microfluidic model to better recapitulate the 3D architecture
of microvasculature. Previously published microvascular
network (MVN) models of microvasculature30,31 have also
recapitulated the architecture of human capillaries through
interconnected and perfusable lumens with diameters
ranging between 10 and 200 μm. These models, generally, do
not include additional key components of the
microvasculature, such as SMC-lined arterioles upstream and
venules downstream of the capillaries. The model presented
here extends previous MVN models by introducing these
additional compartments.

Specifically, our model design consists of two lumens
lined with endothelial cells (ECs) that anastomose with
MVNs in the central channel between them, thus creating a
connected, perfusable, tricompartmental vascular model. To
create the arteriolar- and venular-like compartments, we
adapted the viscous finger patterning (VFP) method to
generate hollow channels in the collagen gel filling the side
channels of the microfluidic device.9,20 This method makes
use of the viscosity difference between a hydrogel solution
and cell culture medium such that, under an applied
pressure difference, the lower viscosity fluid displaces the
higher viscosity fluid to form a tubular channel.20 Here, the
microfluidic device side channels were filled with a
collagen I solution, followed by different media volumes in
each outlet to induce pressure-driven channel formation
through passive pumping and VFP (Fig. 1a). Our key design
parameters were the creation of lumens in the side
channels that were i) perfusable along the length of the
channel, and ii) connected to the MVN across the
microfluidic device to recapitulate the connection between
the three microvascular compartments (Fig. 1b). The
optimal pressure difference along the side channels was
found to be ∼13 Pa producing a diameter of ∼400 μm,
which satisfied the desired design parameters above
(Fig. 1c). Higher pressures tended to wash out too much of
the collagen gel solution, generating lumens with a
rectangular cross-section, while lower pressures produced
inconsistent lumens with walls that were too thick to
permit connections with the MVN in the central channel.
In this study, collagen was used instead of fibrin in the
VFP-patterned side channels because the fibrin would
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solidify before a lumen could be formed through VFP,
while collagen gelation was slow enough for consistent
lumen formation. While recognizing that arterioles in vivo
tend to be smaller, in the range of 100 μm, our purpose
here is to capture some aspects of the hierarchical network
by demonstrating one method by which the larger feeder
(“arteriole”) and collector (“venule”) vessels could be
incorporated.

A key differentiation in cellular composition between
arterioles and venules is the smooth muscle lining
surrounding arterioles that is not present in venules.32 To
recapitulate the arteriole, smooth muscle cells (SMCs) were
mixed with the collagen in one of the side channels prior to
VFP,19 allowing the SMCs to reside just outside of the EC
monolayer, similar to what is found in vivo33 (Fig. 1e and f).
In contrast, the channel on the opposite side of the device
was devoid of SMCs, representing a venule. Despite the
different cell makeup, no significant difference in the
dimension of the arteriole and venule channels was observed
(Fig. 1d), indicating that SMCs at this concentration did not
affect VFP-driven lumen formation and MVNs self-assembled
as before within the fibrin gel in the central channel of the
device.9,21–24,34 Future studies can utilize higher SMC
concentrations by increasing VFP pressures to reflect a higher
cell density within the collagen gel.

The key element of the model was establishing
connections between the large lumens in the arteriole and
venule channels and the MVN in the central capillary
channel. We found that these connections formed
spontaneously when channels were size optimized to be
around 400 μm, and also when channels were lined with an
EC monolayer. Confocal 3D imaging revealed that ECs in the
MVN extended between the fibrin and collagen gels, allowing
the outer vessel compartments to fuse with the capillary MVN
compartment and form an interconnected microvasculature
(Fig. 1f and g).

One of the key functional capabilities of the model is
the ability to recapitulate circulating cell conditions. Flow
conditions were constructed such that fluid flow
propagated along the arteriole and across the MVNs to
recapitulate the flow directionality within the three
compartments: from arteriole to capillary to venule.
Hydrostatic pressure heads were used to apply 200 Pa
across the capillaries and 60 Pa along the arteriole, as
described in the Methods. Using bead displacement
tracking to estimate fluid flow velocity, we measured the
flow in the arteriole compartment to have an average
velocity of 0.34 mm s−1 and a flow rate of approximately
4.3 × 10−11 m3 s−1. At the same time, fluid flow in the
capillaries (MVN) compartment had an average velocity of
0.82 mm s−1 and a flow rate of approximately 1.6 × 10−12

m3 s−1. The average speed of beads in the MVN is
comparable to in vivo capillary speeds found in the
literature, which range from 0.3–1.8 mm s−1.35–39 However,
the average bead speed measured in the arteriole was
much lower than the 2–3 mm s−1 in vivo measured

range,35,40,41 due to the low pressure differential applied
across the arteriole in this study. The pressure differential
across the arteriolar compartment here was a consequence
of the design of the experiment – one large-diameter
arteriole feeding the entire MVN and the use of
hydrostatic pressure heads. Subsequently, whereas the wall
shear stress in the capillaries was estimated to be 0.13
Pa, somewhat lower than the 0.5–2 Pa in vivo range,42,43

the arteriolar compartment wall shear stress was estimated
to be ∼0.0068 Pa, nowhere near the higher in vivo values
of 6–8 Pa or greater found in the literature.42 In future
iterations of the model, fluid velocities can be tuned to
mimic physiological flow rates of each compartment by
using microfluidic pumps that maintain constant pressure
differentials and flow rates.29 One important benefit of
the tricompartmental model is the ability to regulate the
fluid dynamics of the system by tuning the system to
achieve different flow velocities across each compartment,
which could be used, for example, to model healthy and
diseased vascular fluid flow regimes.44

From the bead flow velocity measurements and using
Poiseuille's law of resistance, the compartment-specific
resistance in the arteriole, R = ΔP/Q, is approximated as
1.4 × 1012 Pa s m−3 in contrast to the much higher
resistance of 1.2 × 1014 Pa s m−3 in the capillaries, with R
being the resistance, ΔP being the pressure differential
applied across the particular compartment, and Q being
the flow rate approximated with bead speed measurements
and vessel diameter estimations. The aggregate hydraulic
resistance of the entire device, determined by driving flow
through the entire microfluidic device as detailed above in
the Methods, was found to be 3.0 × 1012 Pa s m−3, which
is in the same order of magnitude as determined by
previous studies using the same microfluidic devices
under flow conditions.29 The tricompartmental nature of
the model allows for characterization of areas with
distinct vascular resistance and geometry that lead to
different flow speeds and shear stresses within each
compartment. These different stress conditions can affect
a variety of different downstream processes, such as
tumor cell and immune cell dissemination and
extravasation, which we discuss later.

Overall, these results show that while the microfluidic
vascular model presented here recapitulates the
architecture and hierarchy of three different
interconnected microvascular compartments, the flow
parameters in the large vessel are far from physiological.
In this context, it is important to recognize that since the
resistance, shear stress and velocity in a single vessel vary
as vessel diameter to the inverse fourth, third and second
power, respectively, for a given flow rate, reducing the 400
μm diameter vessel just 4-fold, to 100 μm would produce
more realistic values, increasing shear stress, for example,
from 0.0068 Pa to 0.43 Pa. However, this method may
provide a framework transferable to a variety of different
microfluidic device designs.
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The tricompartmental model provides lower, more accurate
vascular permeability measurements and unimpeded
network perfusability

We next assessed vascular barrier function in the model.
Microfluidic vascular models are often used to measure
the transport of molecules as a way of predicting drug
delivery across the endothelium in vivo.14 We compared
three conditions: i) devices with EC monolayers but no
collagen lining in the side channels, ii) devices with VFP-
produced collagen lining and an EC monolayer, and lastly
iii) devices with VFP-produced collagen lining, EC
monolayer, and embedded SMCs, i.e., the complete
tricompartmental model. We measured MVN permeability
to 70 kDa dextran to be on the order of 10−7 cm s−1

(Fig. 2a), which is within the range expected from in vivo
measurements45–47 and previous studies by our group that
report MVN permeabilities of 10−8 and 10−6 cm s−1

depending on device geometry and cell types included.25,28

In the tricompartmental model, the addition of collagen
side channels and embedded SMCs did not negatively

impact the perfusability of the MVNs as they remained
fully perfusable (Fig. 2c), thus maintaining our ability to
measure permeability using methodologies developed
previously.25

A major motivator for adding a collagen lining
surrounding the side channel was to reduce the amount
of dye leakage interfering with permeability measurements
—smaller microfluidic devices tend to be less robust tools
for permeability analysis because dextran leakage from the
side channels creates false positive signal in the central
channel where the MVN resides. Consistent with this
hypothesis, we measured lower apparent MVN permeability
in devices with collagen channels than in devices without
collagen channels: 2.2 × 10−7 ± 0.8 × 10−7 cm s−1

compared to 5.5 × 10−7 ± 1.8 × 10−7 cm s−1 ( p < 0.01)
(Fig. 2a). We anticipate that this difference is due to a
reduction in the dye leakage from the side channels into
the central gel region rather than to increased barrier
function of MVN vessels in the collagen-lined
configuration. This issue had previously been identified in
devices with narrow central gel regions28 and the addition

Fig. 2 The tricompartmental model facilitates permeability measurements in small devices. (a) MVN permeability to 70 kDa dextran for each
condition: empty side-channels (Col− SMC−), collagen channels without SMCs (Col+ SMC−), and collagen channels with SMCs (Col+ SMC+), with
all conditions containing an EC monolayer; data points indicate individual channels, bars indicate average, and error bars indicate standard
deviation; n = 8; statistical significance determined by ANOVA and Tukey HSD tests: * p < 0.05, ** p < 0.01, *** p < 0.001). (b) Side channel
permeability to 70 kDa dextran as a measure of leakage from side posts; n = 4. (c) Manually-stitched confocal microscopy z-projection image of
70 kDa dextran (red) perfused through fully connected microvasculature. (d) Confocal microscopy z-projection image of MVN section of each
condition following the introduction of 70 kDa dextran (red) and incubation for 9 minutes.
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of collagen channels lined with ECs appears to reduce dye
leakage from the sides.

The capability to independently assess the permeability
of each of the three vascular compartments within a
single device is another advantage of the tricompartmental
model. Previously, permeability was measured only for the
MVNs,25 while here we were able to obtain permeability
values for the venule and arteriole as well. It should be
noted that the permeability values obtained for the
arteriole and venule using this method may not be
completely accurate for two reasons: dye permeabilizing
through the MVNs may erroneously contribute to the side
channel signal, and the permeability of the connecting
vessel in the arteriole–capillary or venule–capillary junction
could differ from the arteriole or venule itself.
Nevertheless, we can think of the permeability value
obtained for the large side vessels as a proxy for the
amount of “leakage” coming in from the sides that could
potentially skew MVN permeability measurements—
whether the extraneous signal comes from the large vessel
itself, the connecting vessel, or simply dextran seeping
through the matrix. We found that dextran permeability
was lower across collagen channels lined with an EC
monolayer, regardless of whether or not smooth muscle
cells were included (Fig. 2b). EC-lined collagen channels
had average permeability to dextran of 7.6 × 10−7 ± 3.4 ×
10−7 and 6.4 × 10−7 ± 0.9 × 10−7 cm s−1, with and without
the addition of SMCs, respectively, which is approximately
a 3-fold decrease in comparison to the 2.1 × 10−6 ± 0.7 ×
10−6 cm s−1 permeability measured in channels with no
collagen ( p < 0.01) (Fig. 2b). Through confocal
microscopy, we observed visibly reduced leakage in
collagen-lined devices (Fig. 2d), resulting in more accurate
quantification of MVN permeability in our model. Another
possible mechanism for reduced leakage in our model
could be the formation of tighter junctions when
endothelial cells are adhered to the soft collagen gel
rather than the stiff plastic, leading to higher barrier
function and restricted molecular diffusion.48 Subsequent
studies could compare collagen to other hydrogels or
examine the effect of gel stiffness or pore size on
permeability.49

These large EC-lined collagen channels representing the
arteriole and venule (with and without SMCs) exhibited
permeabilities (∼7 × 10−7 cm s−1, Fig. 2b), considerably
lower than values we and others previously obtained in
HUVEC monolayers on stiff membranes25 (10−6 to 10−5 cm
s−1). Again, the permeability of the side channels was
higher than that of the MVN, aligning with what has been
measured in vivo for arteriolar and venular permeabilities
compared to capillaries;45–47 however, it should be noted
that the low shear stress applied in the arteriole and venule
may contribute to the higher permeability of the vessel.13,50

Nevertheless, the system still improves upon 2D transwells
and serves as a baseline model estimate for obtaining
permeability values of the arteriole and venule.

Vasoconstriction by smooth muscle cells can be measured in
the arteriole compartment of the tricompartmental model

The SMCs embedded in the arteriole compartment add
functional capabilities to the model, namely vasoconstriction
as a result of exposure to vasoconstricting compounds. We
observed a response to the vasoconstricting compounds
endothelin-1 (ET-1) and potassium chloride (KCl), indicated
by a change in vessel diameter of the arteriole vessels
(Fig. 3a). Vessel diameter was measured over a period of 5
minutes after addition of 20 nM ET-1 or 50 mM KCl, using
an epifluorescent microscope acquiring images at 100 fps.
Vessels stimulated with ET-1 constricted an average of 2.3 ±
0.9%, ranging from 1.2% to 3.8% (Fig. 3b). Similarly, vessels
stimulated with KCl constricted an average of 2.4 ± 0.9%,
ranging from 1.7% to 4.5% (Fig. 3b). Plotting the average
percent of vessel diameter over time over the 5 minute span
of each vessel shows that constriction occurred immediately

Fig. 3 The collagen side channel embedded with SMCs demonstrates
another functional capability of the model by constricting in response
to vasoactive drugs, KCl and ET-1. (a) Microscopy image of
representative section of fluorescent endothelial cells lining arteriole
channel before drug addition (upper) and 5 minutes after drug addition
(lower). Red outlines in both images depict the vessel outline pre-drug
treatment, with a red arrow pointing to the gap to show constriction.
(b) Boxplots depicting percent change in channel diameter of the
arteriole vessel 5 minutes after addition of 20 nM endothelin-1 (ET-1)
and 50 mM KCl (box depicts Q1, median, and Q3, and whiskers extend
to 1.5 × IQR; outliers represented by individual points; n = 6, 9). (c)
Time course experiment tracking vessel constriction over a span of 5
minutes immediately after addition of ET-1 (blue line) and KCl (red line,
error bars indicate 95% confidence interval, n = 5 for each drug
treatment).
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after addition of the drug and plateaued after 4 minutes
(Fig. 3c). These results demonstrated smaller constriction
than in previous ex vivo and in vivo studies,51,52 which may
be due to relatively large lumens used in this in vitro model,
as well as the collagen's adherence to the rigid wall of the
microfluidic device. Yet, the observed ability to measure
vasoconstriction in the tricompartmental model encourages
further exploration of this methodology, including through
varying the size of the microfluidic device, size of the vessel
lumen, stiffness of collagen matrix, or concentration of
smooth muscle cells. It would be interesting to observe how
vasoconstriction could impact the arrest of disseminating
tumor cells, or how constriction affects flow patterns and
shear stress through vessels. This model could also aid in
testing other metabolic or humoral factors on
vasoconstriction and subsequent perfusion as a way to assess
the vasoconstricting action of new drugs.1

Vascular compartment-specific arrest and extravasation of
circulating cells can be quantified in the tricompartmental
model

Lastly, we evaluated the use of the tricompartmental model
to study circulating cell behavior in the microvasculature.
The model design enables the perfusion of various cell types
throughout the system to assess where they arrest and how
they interact with the surrounding microvasculature
(Fig. 4a and b). Microfluidic vascular models have been used
before to study the arrest and extravasation of tumor cells to
mimic the process of metastasis,15,24 while here, the
tricompartmental model design allows for the study of
compartment-specific interactions between tumor cells and
ECs. We modeled circulating cell conditions using
hydrostatic pressure heads as described above to apply a 200
Pa pressure across the capillaries and 60 Pa along the

Fig. 4 The hierarchical tricompartmental model can be used to measure arrest and extravasation efficiency of different circulating cells. (a) Fixed
confocal image of tricompartmental model 48 hours after tumor cell perfusion (green = ECs, red = MBA-MB-231 tumor cells). (b) Live confocal
image taken directly after Jurkat T cell perfusion (green = HUVECs, magenta = Jurkat T cells. (c) Number of tumor cells arrested per mm3 of device
volume in each of three compartments (data points indicate measurements from individual devices, bars indicate average, and error bars indicate
standard deviation; n = 13; statistical significance determined by ANOVA and Tukey HSD tests: * p < 0.05, ** p < 0.01, *** p < 0.001). (d) Fraction
of tumor cells that extravasated within each compartment over a period of 48 hours. (e) Number of T cells arrested per mm3 of device volume in
each of three compartments.
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arteriole. However, as discussed above, the shear stresses in
the arteriole and venule compartments are far below
physiological in vivo values, so we would expect that the rate
of adhesion in these compartments may differ widely from
physiological values. Therefore, the objective in this study
was more to establish the basis of the hierarchical system in
which it is possible to study tumor cell and T cell interactions
in the arteriole and venule, paving the way for future studies
that can more easily apply physiological flow conditions
throughout the hierarchical network.

A fixed number of tumor cells were injected in the device,
where the fluid pressure differential produced flow along the
arteriole compartment and across the capillaries
compartment to reach the venule compartment. Visually, the
cells traveled at a constant speed in the arteriole and slowed
down when entering the arterio–capillary junction then sped
up considerably as they traversed through each capillary
vessel before emerging at the post-capillary venule opening
or becoming lodged in narrow capillary vessel segments
(Video S1†). This behavior is likely associated with physical
trapping and arrest of the circulating cells in the capillaries,
as previously observed in vivo and recapitulated in MVN
models,24,53 with relatively low adhesive capture in the larger
arteriole and venule. Thus, one strength of this model is the
ability to observe cell trapping and adhesion in real time in
different vascular compartments.

Tumor cell arrest and extravasation were quantified and
compared in the three microvascular compartments by
applying a 200 Pa pressure difference across the capillary bed
to flow tumor cells through the system, and then washing
out any cells that did not adhere after 30 minutes. The
devices were then incubated for two days to allow cells to
extravasate, with the 200 Pa flow across the MVN being
applied once per day during a media change and allowed to
equilibrate. In this study, we observed that more than three
times as many tumor cells arrested in the arteriole and
venule compartments (54 ± 34 and 55 ± 38 cells, respectively)
than in the capillaries compartment (15 ± 7 cells) ( p < 0.01)
(Fig. 4c). However, in vivo studies have shown that most
tumor cells arrest in the capillaries or in the post-capillary
venule due to physical trapping and adhesion effects, and
there are fewer reports of tumor cells arresting in the
arteriole.54–57 The patterns observed in this study align with
the hemodynamic theory of tumor cell behavior in which
there are higher arrest and adhesion rates in areas of slower
flow speeds and lower shear stresses.58 Here we observed
more tumor cells arresting in the arteriole and venule
compared to the capillaries, likely due to the higher shear
stresses in the capillary compartment than the arteriole or
venule. Where flow speed and shear stress are lower, cells are
more likely to adhere to the endothelium. In future studies,
the pressure differential across each compartment can be
tuned to match physiologic values, which may result in cell
arrest patterns more closely aligning with in vivo studies. This
model would also be well suited to applying continuous flow
or recirculation of cells using microfluidic pumps.29

In addition to observing locations and patterns in cell
arrest and adhesion, we also quantified extravasation
efficiency of cancer cells in each compartment. This is
expressed as the fraction of tumor cells that cross the
endothelium into the surrounding gel matrix. Tumor cells
had higher extravasation efficiency in the venule
compartment (0.61 ± 0.15, compared to 0.53 ± 0.17 in the
arteriole and 0.42 ± 0.13 in the MVNs over a period of 48
hours, Fig. 4d). Although in vivo studies and in vitro
experiments59 show higher tumor cell extravasation rates
with higher flow rates, they also emphasize that extravasation
occurs only after the tumor cell has securely bound to the
vessel wall,60 which is impacted by not only mechanical
trapping mechanisms, but also various adhesion interactions
between the tumor cell and endothelial cells including
integrins and cadherins.61 Our results reinforce the idea that
shear stress dominates patterns of cell arrest and adhesion,
and therefore extravasation efficiency. The differences in
extravasation rate between compartments could also be due
to the role of stromal cells and matrix properties, both of
which can impede extravasation through mechanical
barriers.60 It is possible that SMCs hindered extravasation in
the arteriole compartment, while fibroblasts may affect
extravasation in the MVN compartment. Overall, our results
show that the tricompartmental model can be used to study
the effect of different microenvironmental conditions on
extravasation in different vascular compartments.

The dissemination and arrest patterns of immune cells
can also be studied using microfluidic vascular
models.29,62–64 Here, Jurkat cells were used to model T cells
and were flowed through the tricompartmental model in a
similar method as the tumor cells. However, unlike tumor
cells, the Jurkat cells arrested predominantly in the arteriole
compartment (164 ± 63 cells), more than three times as many
as the venule (46 ± 25 cells, p < 0.001) and six times as many
as in the capillaries (24 ± 9 cells, p < 0.001) (Fig. 4e). In vivo
studies suggest that immune cells and T lymphocytes mainly
arrest in the venules due to a variety of different receptor
binding interactions,65 contrary to the findings in this study.
There is some evidence that T lymphocytes bind to smooth
muscle cells via CD44 and integrins,66 which could result in
the increased accumulation of T cells in the arteriole
compartment if smooth muscle cells become exposed in the
vascular lumen. However, it is more likely that flow-mediated
effects, including increased contact time and lower shear
stress, are responsible for rapid settling and adhesion of T
cells in the arteriole compartment. Overall, arrest patterns for
tumor cells and Jurkat T cells were similar, highlighting the
utility of the tricompartmental model for studying the
dynamics of the arrest and extravasation of different
circulating cell types throughout the microvascular
compartments under varying flow conditions.

The dissemination of circulating cells can be explained by
a combination of mechanical effects and localized
interactions between cells.54 Further adaptations of this
model could include varying cell types in the central MVN to
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recapitulate different tissue-specific microenvironments, for
example the integration of dermal endothelial cells, dermal
fibroblasts, and adipocytes to represent a model of dermal
vasculature, or astrocytes and pericytes to model the blood
brain barrier.28,67 The work demonstrated here mainly
highlights the mechanical aspect to cell dissemination in the
microvasculature, and future adaptations with more cell
specificity can provide further insight to the importance of
cellular makeup in the microenvironment as it relates to cell
arrest and extravasation.

Conclusions

The tricompartmental microfluidic model introduced in this
work represents the 3D architecture and functionality of the
human microvasculature more completely than separate
models including either capillary-scale microvascular beds or
larger single-channel vessels. The addition of EC-lined
collagen channels through viscous finger patterning and of
SMCs created an arteriole–capillary–venule architecture
without changes in the microfluidic device hardware. The
increased functionality of the model allowed for the
measurement of compartment-specific permeability and
tumor cell and T cell arrest and extravasation, as well as the
vasoactive response of the arteriole compartment. This model
is a more complete and physiologically relevant vascular
platform that can be used for a broader range of hypothesis
testing compared to models of single vascular compartments.
The key benefits of the hierarchical model are the
simultaneous analysis and direct comparison between
vascular compartments, as well as the capability to differently
tune complex experimental conditions between the three
compartments. It also minimizes the potentially non-
physiological interactions with device surfaces (e.g., glass,
hard plastic or PDMS) and reduces dye leakage artifacts that
can lead to elevated estimates of permeability in the
capillaries of the central gel region. These capabilities may
find application in a broad variety of research efforts,
including therapeutic delivery testing, cancer metastasis
modeling, and analysis of immune cell behavior.
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